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UV-induced replication arrest in the xeroderma pigmentosum vari-
ant (XPV) but not in normal cells leads to an accumulation of the
Mre11�Rad50�Nbs1 complex and phosphorylated histone H2AX
(�-H2AX) in large nuclear foci at sites of stalled replication forks.
These complexes have been shown to signal the presence of DNA
damage, in particular, double-strand breaks (DSBs). This finding
suggests that UV damage leads to the formation of DSBs during the
course of replication arrest. After UV irradiation, XPV cells showed
a fluence-dependent increase in the yield of �-H2AX foci that
paralleled the production of Mre11 foci. The percentage of foci-
positive cells increased rapidly (10–15%) up to fluences of 10 J�m�2

before saturating at higher fluences. Frequencies of �-H2AX and
Mre11 foci both reached maxima at 4 h after UV irradiation.
This pattern contrasts sharply to the situation observed after
x-irradiation, where peak levels of �-H2AX foci were found to
precede the formation of Mre11 foci by several hours. The nuclear
distributions of �-H2AX and Mre11 were found to colocalize
spatially after UV- but not x-irradiation. UV-irradiated XPV cells
showed a one-to-one correspondence between Mre11 and �-H2AX
foci-positive cells. These results show that XPV cells develop DNA
DSBs during the course of UV-induced replication arrest. These
UV-induced foci occur in cells that are unable to carry out efficient
bypass replication of UV damage and may contribute to further
genetic variation.

DNA damage � x-ray � S-phase � checkpoints � recombination

The S-phase checkpoint regulates DNA replication through a
complex series of signaling events that ultimately coordinates

the initiation of replicons and stabilization of replication forks
with the detection and repair of DNA damage (1–3). Agents
leading to the inhibition of replicon initiation or elongation can
depress DNA synthesis until specific damage-responsive path-
ways can remove the brakes upon replication (4–6). UV light is
one agent that leads to protracted replication arrest, particularly
in the xeroderma pigmentosum variant (XPV; refs. 7–9). The
replication deficiency observed in XPV cells is due to the
absence of a functional bypass polymerase H (10, 11). In contrast
to normal cells, which can efficiently replicate past UV-induced
lesions, XPV cells experience extended arrest of the replication
fork after UV exposure (12, 13). This arrest leads to relocaliza-
tion of the Mre11�Rad50�Nbs1 recombination complex (Mre11
complex), a DNA-damage response that is not observed in
normal cells (14). Mre11 was isolated originally in a meiotic
recombination screen (15) and has multiple roles in the sensing,
detection, and processing of DNA double-strand breaks (DSBs;
refs. 16–18) and in the regulation of the S-phase cell-cycle
checkpoint (19–21). The ability of repair-proficient cells to
relocalize Mre11 in response to x- but not UV-irradiation
suggests the Mre11 complex is recruited to sites of DSBs but not
pyrimidine dimers. UV light does not directly produce DNA

DSBs but rather produces pyrimidine dimers and other photo-
products, bulky adducts that must be removed or bypassed to
prevent arrest of the replication fork (22). Therefore, the
response of Mre11 to UV light in XPV cells suggests that
UV-induced replication arrest leads to DSBs at or near stalled
replication forks (14). UV-induced replication arrest in trans-
formed XPV cells leads to marked increases in the level of sister
chromatid exchanges (SCEs; ref. 23). Preferential use of the
sister chromatid for homologous recombination (HR) of DSBs
formed at stalled replication forks may explain these observa-
tions. Sister chromatid gene conversion has been reported to be
a prominent pathway for the repair of DSB in mammalian cells
(24, 25).

Inhibition of the E. coli replicative helicases Rep and DnaB
has been shown to increase DSB levels, indicating that arrested
forks are susceptible to breakage (26). Mutations in the RecQ
family of helicases including the yeast SGS1 gene (27) and the
gene mutated in Bloom’s syndrome, BLM (28), produce similar
hyperrecombination phenotypes. The ability of the BLM and
WRN proteins to bind Holliday junctions (intermediates in HR)
suggests that these helicases may prevent DSB formation by
promoting branch migration to destabilize Holliday intermedi-
ates that arise inappropriately at stalled replication forks (29,
30). Elevated frequencies of SCEs characteristic of Bloom’s
syndrome have been observed in BLM-deficient chicken DT40
cells and are likely caused by HR of DSBs because simultaneous
disruption of Rad54 eliminates this phenotype (31). Related
data have shown that SCE levels are reduced significantly in
DT40 cells lacking Rad51 and Rad54 (32). Cytostatic drugs have
been reported to induce intrachromosomal recombination to
varying extents in rodent cells (33), and similar work has found
an increase in the level of HR when campthothecin was used to
induce DSBs associated with replication forks (34). Mec1-
dependent activation of Rad53 in yeast may protect against DSB
formation during replication arrest by stabilizing stalled forks
against collapse (35, 36). The activation of Chk2 by ataxia
telangiectasia-mutated (ATM) and�or ataxia telangiectasia-
related (ATR) in mammalian cells is an analogous pathway that
has multiple roles in regulating S-phase progression in the
presence of DNA damage (3, 37, 38). As opposed to lower
organisms, the dependence of mammalian cells on signaling and
recombinational repair enzymes for progression through S-
phase suggests that DSB repair is essential for successful com-
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pletion of S-phase (related reviews may be found in refs. 66 and
67 and in other articles in those issues).

The identification of DSB-repair proteins at sites of arrested
replication suggest that the inhibition of DNA replication leads
to DSBs and recombination (14). Related work has shown that
replication stress in mammalian cells leads to an ATR-
dependent DNA-damage response involving phosphorylation of
histone H2AX and BRCA1 (39). To determine the relationship
between replication arrest, DSB production, and recombination
in UV-irradiated XPV cells, changes in histone phosphorylation
and Mre11 relocalization that depend upon DNA DSBs were
monitored by immunofluorescence. DSBs lead to the rapid
phosphorylation of histone H2AX yielding a modified phos-
phorylated histone H2AX (�-H2AX; refs. 40 and 41). The
specificity of this reaction provides a reliable marker for DSB
production and the means to spatially localize DNA DSBs within
the nuclei of cells (41). We report that UV-induced replication
arrest in XPV cells is associated with the production of DNA
DSBs and recombinational repair by the measurement of
�-H2AX and Mre11 foci.

Materials and Methods
Cell Culture. Simian virus 40 (SV40)-transformed human fibro-
blasts that exhibited a normal or replication-deficient UV-repair
response were used in all studies. UV-repair-proficient cells
permanently transformed by SV40 (GM637) were derived from
the normal fibroblast cell line GM037. Replication-deficient
cells permanently transformed with SV40 (XP30R0) were de-
rived from the XPV fibroblast GM3617. The primary human
fibroblast GM3617 contains a mutation in the XPV gene
(hRAD30A or POLH) that leads to a chain termination of DNA
polymerase H (10, 11). Each cell line was maintained in DMEM
supplemented with 2 mM glutamine�100 units/ml penicil-
lin�100 �g/ml streptomycin�10% (vol�vol) FBS (HyClone).
Cells grown at 37°C in humidified incubators under 5% CO2
exhibited doubling times in the range of 20–22 h.

X- and UV-Irradiation. Cultures of normal and XPV cells were
maintained in exponential growth by routine passage twice
weekly. One day before x- or UV-irradiation, 1 � 105 cells were
seeded in dual-chambered slides (Nalge). Exponentially growing
cells were exposed to either x-rays (Westinghouse Quadronex
x-ray machine; 250 kVp, 15 mA, at a dose rate of 4.5 Gy�min)
or UV light (254 nm at a fluence of 1.3 W�m�2) and were fixed
0.5–8 h after irradiation for 15 min in 2% (vol�vol) parafor-
maldehyde dissolved in 1� PBS. Slides containing fixed cells
were air-dried and stored at �70°C until processing for
immunofluorescence.

Immunofluorescence. Fixed cells were permeabilized in an ice-
cold mixture of 50:50 acetone:methanol and allowed to come to
room temperature. Cells were blocked for 1 h in 10% (vol�vol)
FBS in 1� PBS at 37°C, rinsed, and incubated with primary
antibody for 1 h at 37°C. Freeze-dried rabbit polyclonal serum
against �-H2AX (40, 41) was dissolved in water to 100 mg�ml
and diluted 1:200. Rabbit polyclonal (Novus Biologicals, Little-
ton, CO) and Mouse monoclonal (GeneTex, San Antonio, TX)
anti-hMre11 antibodies were diluted 1:200 or to 30 �g�ml,
respectively. Secondary IgG (heavy and light chains) antibodies
(Pierce) were selected to provide the appropriate combination of
species specificity (goat-anti-rabbit or -mouse) and color dis-
crimination (conjugated to either fluorescein or rhodamine).
Secondary antibodies were diluted 1:200 and incubated with cells
for 1 h at 37°C. Cells were counterstained with 0.1 �g�ml of
4�,6-diamidino-2-phenylindole (DAPI) in Vectashield (Vector
Laboratories). All incubations were interspersed with three
5-min washes in 1� PBS, and all antibodies were diluted in 1�
PBS in 1% BSA (including 0.5% Tween 20 for �-H2AX).

Antibody combinations required for colocalization experiments
were incubated simultaneously.

Foci Quantification and Digital Image Analysis. Cell preparations
were analyzed by using a Nikon Eclipse E600 fluorescent
microscope equipped with a Spot RT Slider digital camera
(Diagnostics Instruments, Sterling Heights, MI). Slides were
scanned by eye at 630� magnification for the presence of
�-H2AX and Mre11 foci. Cells containing five or more foci per
nucleus were scored as positive. A total of at least 500 nuclei
were scored for each data point. Individual f luorochromes were
visualized through a combination of single- and dual-bandpass
filters for FITC, rhodamine, and DAPI. Single-color images
were captured individually and merged electronically (by using
manufacturer’s Spot RT software) for the simultaneous visualiza-
tion of multiple fluorophores.

Results
Formation of X-Ray and UV-Induced �-H2AX Foci in XPV and Normal
Cells. In the absence of DSBs, control cells show virtually no
signal for �-H2AX (Fig. 1a). DSBs produced by x-rays lead to the
formation of nuclear �-H2AX foci that can even be observed on
the condensed chromosomes of XPV cells at various stages of
mitosis (Fig. 1 b and c).

Other studies have shown that the Mre11 complex relocalizes
in response to DNA DSBs, forming foci with a subset of these
lesions during recombinational repair (16, 42). The induction of
Mre11 foci coincident with proliferating cell nuclear antigen
(PCNA) in UV-irradiated XPV cells suggested that DNA DSBs
were formed during UV-induced replication arrest (14). XPV
cells show large, UV-induced �-H2AX foci that are clearly
visible in the nuclei of irradiated (Fig. 1 d–f ) but not unirradiated
cells, thus demonstrating the presence of DSBs (Fig. 1a). Past
(14) and present data collected from UV-arrested XPV cells
support a role for the Mre11 complex in the repair of S-phase
DSBs by HR (43).

Fluence Response for the Induction of �-H2AX and Mre11 Foci in XPV
and Normal Cells. To determine potential differences in the
UV-damage response between XPV and normal cells, the
formation of �-H2AX and Mre11 foci was analyzed after ex-
posing cells to increasing fluences of UV light. The number of
XPV cells showing �-H2AX and Mre11 (Fig. 2) foci increased up
to �10 J�m�2 before saturating at higher UV fluences. Normal
cells, on the other hand, exhibited a very low induction of either
type of foci after UV exposure (Fig. 2). The fluence-dependent
increases in �-H2AX and Mre11 foci parallel one another closely
and are much higher in XPV vs. normal cells (Fig. 2).

Kinetics of UV-Induced �-H2AX and Mre11 Foci Formation in XPV and
Normal Cells. To elucidate more completely the differences
between XPV and normal cells in the UV-damage response, the
kinetics of UV-induced �-H2AX and Mre11 foci formation were
investigated. The formation of UV-induced �-H2AX (Fig. 3A)
and Mre11 (Fig. 3) foci in XPV cells coincided over time. The
yield of XPV cells showing both types of foci increased steadily
after UV irradiation, reaching maximal levels (�15%) 4 h later
(Fig. 3). During this same postirradiation interval, very few
foci-positive cells were observed in cultures of normal cells (Fig.
3). Figs. 2 and 3a reveal large differences between the responses
of XPV and normal cells to UV light.

Kinetics of X-Ray-Induced �-H2AX and Mre11 Foci Formation in XPV
and Normal Cells. To determine whether similar differences would
distinguish the x-ray damage response of XPV from normal cells,
the kinetics of x-ray-induced �-H2AX and Mre11 foci formation
were analyzed. Cells given 6 Gy of x-rays were allowed to recover
for various times before fixation and analysis of �-H2AX and
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Mre11 foci. Both normal and XPV cells showed a rapid increase
in the yield of x-ray-induced �-H2AX foci. The formation of
x-ray-induced �-H2AX foci peaked after 30 min before dropping
sharply over the following 4 h (Fig. 3B). The formation of
x-ray-induced Mre11 foci was more gradual. Maximal percent-
ages of XPV and normal cells exhibiting large punctate Mre11
foci were not reached until 6–8 h after irradiation (Fig. 3B).
Unlike the situation with UV light (Fig. 3A), XPV and normal
cells exhibit similar temporal responses for the formation of
�-H2AX and Mre11 foci induced after x-irradiation (Fig. 3B).

Relocalization of �-H2AX and Mre11 in XPV and Normal Cells After
X-Irradiation. The disparity between the temporal response of
x-ray-induced �-H2AX and Mre11 foci suggests that not all DSBs
that induce �-H2AX formation lead to the recruitment of the
Mre11 complex. This disparity also suggests that these two foci
will coincide minimally in the nuclei of x-irradiated cells. To
determine the spatial relationship of �-H2AX and Mre11, cells
were fixed 4 h after receiving 6 Gy of x-rays. This time corre-
sponds to the maximum number of cells exhibiting both types of
foci (i.e., the intersection of the plots shown in Fig. 3B). The data
show that whereas cell nuclei contain both �-H2AX and Mre11
foci, they exhibit little colocalization within the same cell nucleus
(Fig. 4 a–c). Analogous experiments performed with normal
cells revealed a similar pattern in the spatial relationship be-
tween �-H2AX and the Mre11 complex.

Colocalization of �-H2AX and Mre11 in XPV Cells After UV-Irradiation.
The similarity in the fluence and temporal responses of �-H2AX
and Mre11 (Figs. 2 and 3A) suggest that in UV-irradiated XPV
cells, replication arrest, DSB production, and Mre11 recombi-
nation are tightly linked in time and location. To determine
whether �-H2AX and Mre11 spatially coincide, cells were
analyzed for the presence of foci 4 h after exposure to 13 J�m�2

of UV light, conditions that maximize the number of foci-
positive cells. The images reveal that �-H2AX and Mre11 foci

colocalize in cell nuclei (Fig. 4 d–i), indicating a one-to-one
correspondence between those cells showing �-H2AX and those
showing Mre11 foci. The colocalization of �-H2AX and Mre11
foci in UV-irradiated XPV cells underscores yet another major
difference in the UV-damage response between XPV and
normal cells. The absence of these foci in UV-irradiated normal
cells provides further support for the idea that replication arrest
is responsible for eliciting the focal responses observed in
UV-irradiated XPV cells.

Discussion
The absence of polymerase H in XPV cells disrupts translesion
synthesis and leads to an extended S-phase delay as replication
forks stall upon encountering UV-induced lesions (44). In
UV-irradiated XPV cells, Mre11 foci form exclusively in repli-
cating cells and colocalize with proliferating cell nuclear antigen
(PCNA) bound in replication complexes (14). The association of
the Mre11 complex at or nearby sites of stalled replication forks
suggested that replication arrest also led to the development of
DNA DSBs.

To test whether DSBs are produced by UV irradiation, we
took advantage of recent reports documenting specific changes
in histone phosphorylation in response to agents that produced
DNA DSBs (40, 41). Histone H2AX is phosphorylated rapidly
(within minutes) on Ser-139 to produce a specific modified form
named �-H2AX. By adapting a technique developed for pro-
ducing DSBs in cells using visible light (45), �-H2AX production
was shown to depend on the production of DSBs, but not
single-strand breaks (i.e., hydrogen peroxide does not elicit
�-H2AX, data not shown). �-H2AX has since been used to
monitor apoptosis (46), VDJ recombination (47), DNA damage
(48), and synapsis in mice (49).

Our finding that UV light leads to �-H2AX foci in XPV but
not normal cells supports the idea that extended replication
arrest leads to DSBs and provides an explanation for the marked
differences in the temporal response between x-ray and UV-

Fig. 1. X-ray- and UV-induced foci in XPV cells. (a) Unirradiated XPV cells showing the absence of foci. (b and c) X-ray-induced �-H2AX foci on condensed
metaphase (b) or anaphase (c) chromosomes in XPV cells fixed 30 min after 6 Gy of x-rays. (d–f ) UV-induced �-H2AX foci in XPV cells fixed 4 h after 13 J�m�2 of
UV light.

Limoli et al. PNAS � January 8, 2002 � vol. 99 � no. 1 � 235

CE
LL

BI
O

LO
G

Y



induced foci. X-irradiation leads to a rapid increase in DSB levels
that disappear over the course of a few hours (50). The induction
and repair of these lesions is tracked by the formation and
disappearance of �-H2AX (41) and leads to the similarity
between the x-ray damage response of XPV and normal cells.
Therefore, Mre11 foci accumulate on a subset of x-ray-induced
DSBs or on lesions that develop subsequently into suitable
substrates. UV-irradiation, on the other hand, does not produce
DSBs and �-H2AX foci immediately. Rather, they accumulate
more gradually over the duration of UV-induced replication
arrest. Replication forks that arrest at sites of dimer impasse in
XPV cells can collapse and develop into DSBs that elicit the
formation of �-H2AX. This fact leads to the striking difference
in the UV response of XPV and normal cells and suggests that
UV-induced replication arrest in XPV cells leads to the pro-
duction of DSBs that recruit the Mre11 recombination complex.
Our finding that UV light leads to equivalent yields of both
�-H2AX and Mre11 foci suggests the dependence of these
responses on the production of DNA DSBs during replication
arrest in XPV cells.

Colocalization provides a useful tool with which to probe the
molecular interactions associated with replication arrest. The
analysis of �-H2AX foci allows one to pinpoint the spatial
localization of DSBs formed in cells and whether DSBs are
associated with specific types of repair complexes accumulating
within the vicinity of stalled replication forks. Present and past
colocalization data from UV-irradiated XPV cells demonstrate
that DSBs are associated with Mre11 recombination complexes
in the vicinity of stalled replication forks containing PCNA (14).
The ability of the Mre11 complex to form a variety of nuclear-
staining patterns in irradiated and unirradiated nuclei supports
the involvement of this complex in the detection of exogenously
and endogenously derived DNA damage (42).

The association of the Mre11 complex with DNA damage
throughout the early and late stages of the DNA-repair process
suggests this complex has multiple functions in the recognition
and resolution of DNA DSBs (16, 17, 42, 48). Induction of DNA
damage leads to the rapid activation of signaling kinases
(ATM�ATR) (51–53), phosphorylation of H2AX and other
substrates such as p53, NBS, Brca1, Chk2, etc. (41, 48), and
poly(ADP-ribose) polymerase activation (54). DSB lesions then
are recognized and, depending on their context, recruit specific
repair factors. Although the details of subsequent events are
unclear at present, binding of BRCA1 to sites of DNA damage
may be instrumental in controlling the recombinational repair of

Fig. 2. Fluence response for the induction of Mre11 and �-H2AX foci in XPV
and normal cells. Cells subjected to a range of UV fluences (1.3–26 J�m�2) were
fixed 4–8 h after irradiation and analyzed to determine the percentage of
foci-positive cells. Data showing the percentage of XPV (F) and normal (E)
cells showing Mre11 foci are compared with data showing the percentage of
XPV (■ ) and normal (�) cells showing �-H2AX foci. The Mre11 data presented
here are the same as those published (14) and are included for comparison.
Data indicate that the production of Mre11 foci coincide with the production
of DNA DSBs as detected by �-H2AX foci. All data represent the average of
three independent experiments and include error estimates expressed as �
SEP (standard error of the population).

Fig. 3. Kinetics of UV- and x-ray-induced Mre11 and �-H2AX foci formation
in XPV and normal cells. Cells subjected to 13 J�m�2 of UV light (A) or 6 Gy of
x-rays (B) were fixed at various times (0.5–8 h) after irradiation and analyzed
to determine the percentage of foci-positive cells. Symbols are the same as in
Fig. 2. Data indicate that the temporal production of UV-induced foci is similar,
whereas that of the x-ray-induced foci is markedly distinct. All data represent
the average of three independent experiments and include error estimates
expressed as � SEP.
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DSBs involving Rad51 and�or Mre11�Rad50�Nbs1 (55). In-
teractions between ATR, Chk2, p53, and BRCA1 may impose
additional regulatory control over the concerted activities of
DNA repair transpiring at stalled replication forks (3, 39, 53, 56).

The mechanisms of DSB formation at stalled forks in UV-
arrested XPV cells are uncertain. Exposure of XPV cells to UV
light produces lesions that block DNA synthesis on the leading
strand of the replication fork, resulting in the progression of an
asymmetrical fork that exposes large regions of single-stranded
DNA (12, 13). These regions are then accessible to binding by
replication protein A (or human ssDNA-binding protein), which
is a substrate for several damage-responsive kinases able to
modulate repair activity at sites of replication arrest (57, 58).
Expanded regions of single-stranded DNA may possess damaged

residues (sugar or base) or adopt structures (e.g., hairpins and
triplex DNA) that lead to enzymatic nicking. The presence of
inverted repeats within large single-stranded regions of an
asymmetrical fork may facilitate formation of recombinogenic
substrates and recruitment of the Mre11 complex. Inverted
repeats have been shown to be hotspots for recombination (59,
60) and constitute the sequence motifs that can be driven by
regions of microhomology to form hairpin and related structures
recognized and cleaved by the Mre11 complex (61, 62). DSBs
may then arise directly by nuclease activity, when the rebooted
replication apparatus encounters other nicks in single-stranded
regions, or when restart aborts and replication forks collapse
(related reviews may be found in refs. 66 and 67 and in other
articles in those issues).

The inability of cells to mount a normal repair response to
DNA damage is a common theme relating a number of cancer
predisposition syndromes. Ataxia telangiectasia, Nijmegen
breakage syndrome, Bloom’s syndrome, Fanconi’s anemia, and
XP all exhibit abnormalities in DNA repair, cell-cycle progres-
sion, and replication fidelity that lead to genomic instability and
an increased risk of acquiring cancer (63, 64). The defects that
characterize these specific disorders impact the ability of cells to
tolerate DNA damage and execute the error-free duplication of
DNA required to minimize mutation and maintain viability.
Although major differences exist in the x-ray and UV-signal
transduction pathways (e.g., ATM vs. ATR activation; refs. 3 and
65), replication arrest may reveal an overlap in these signaling
pathways brought on by the breakdown of the replication fork
and an accumulation of associated damage. The inability to
mediate replication efficiently past UV-induced lesions leads to
the inhibition of replication, the development of DNA DSBs and
the activation of recombinational repair. The mechanisms by
which cells respond to this stalled replication will dictate whether
the ultimate fate of those cells is benign (recovery) or deleterious
(carcinogenic). The recruitment of �-H2AX and hMre11 to
arrested replication forks represents a final recourse of cells that
lack the bypass polymerase and are transformed (p53 deficient;
refs. 14 and 23) and therefore may represent a mechanism of
genetic instability present in many tumor cells. Understanding
the details of these processes may provide clues to the underlying
causes of carcinogenesis in human genetic diseases prone to
dysfunctional DNA-repair responses after exposure to environ-
mental carcinogens.
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