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Bacterial aggregation and patchiness play an important role in a variety of

ecological processes such as competition, adaptation, epidemics, and succession.

Here, we demonstrate that hydrodynamics of their environment can lead to their

aggregation. This is specially important since microbial habitats are rarely at rest

(e.g., ocean, blood stream, flow in porous media, and flow through membrane

filtration processes). In order to study the dynamics of bacterial collection in a

vortical flow, we utilize a microfluidic system to mimic some of the important

microbial conditions at ecologically relevant spatiotemporal scales. We

experimentally demonstrate the formation of “ring”-shaped bacterial collection

patterns and subsequently the formation of biofilm streamers in a microfluidic

system. Acoustic streaming of a microbubble is used to generate a vortical flow in

a microchannel. Due to bacteria’s finite-size, the microorganisms are directed to

closed streamlines and trapped in the vortical flow. The collection of bacteria in the

vortices occurs in a matter of seconds, and unexpectedly, triggers the formation of

biofilm streamers within minutes. Swimming bacteria have a competitive

advantage to respond to their environmental conditions. In order to investigate the

role of bacterial motility on the rate of collection, two strains of Escherichia coli
bacteria with different motilities are used. We show that the bacterial collection in

a vortical flow is strongly pronounced for high motile bacteria. VC 2012 American
Institute of Physics. [http://dx.doi.org/10.1063/1.4771407]

I. INTRODUCTION

Motility, or self-propulsion, is an inevitable part of most microorganisms’ life cycles. It is

developed as a survival skill to help them cope with heterogeneous environmental circumstan-

ces, such as temporal and spatial changes in stimuli.1 Another indication of the importance of

motility is a variety of swimming strategies established to escape predators. It has been shown

that motility plays a significant ecological role in marine life, especially in forming microbial

patches in optimal positions. Patchiness, or spatial heterogeneity, has shown a remarkable influ-

ence on adaptation, epidemics, succession, maintenance of species diversity, and many other ec-

ological processes.2 Surrounded by fluids in microorganisms’ habitats, these processes are

inseparable from fluid flow. However, the effect of the fluid flow on the swimming, its interac-

tion with swimmers, and aggregation patterns of microorganisms is still ambiguous. Studies

concerning the influence of fluid flow on dynamics of motile microorganisms and their aggrega-

tion are mainly numerical.3–5 However, the effects of the flow on microorganisms’ swimming

orientation have been experimentally reported.6 The limited number of experimental work can

be contributed to technological shortcomings in creating and controlling flow environments sim-

ilar to microbial habitats. Over the last few years, microfluidics has proven to be a promising
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tool for microscale studies due to its flexible geometry, fast fabrication, and ease of use. Also,

by utilizing its small dimensions, one can mimic some of the important microbial environmen-

tal conditions.

Here, we use microfluidics as a means of creating fast and tunable vortical flow, utilizing

oscillations of a microbubble. When exposed to ultrasound waves, bubbles go through transla-

tional and radial oscillations which rectify their surrounding fluid to a steady vortical flow,

known as “cavitation” or “acoustic” streaming.7,8 For an oscillating bubble adjacent to a bound-

ary, the induced vortical flow consists of one pair of vortices. We show that bacteria collect in

these vortices due to their finite-size. More quantification reveals that collection is faster and

more intense for bacteria with higher motility. Although there are other promising techniques to

create microvortices in order to trap or collect particles in microfluidic systems,9–15 cavitation

microstreaming was used here due to its simple formation, ease of control, and the fact that col-

lection is independent of the particle charge. Unexpectedly, within a matter of minutes after

bacterial collection in the vortical flow, microbial colonies similar to biofilm streamers are

observed which, to the best of our knowledge, have not been reported before. The typical size

of an observed biofilm streamer, when completely stretched, and 2–3 min after it is appeared in

the vortex, is approximately 40 lm, which is about 20 times the length of a single cell body.

Biofilms are communities of bacteria surrounded by self-secreted extracellular polymeric

substances (EPS). They are present in nature in a variety of architectures; one of which is

known as biofilm streamers.16–18 While attached to a surface from one side, streamers have a

free tail moving with the flow and have been reported to form under the condition of laminar19

and turbulent flows.20 Upon formation of biofilms, microbial resistance to antibiotics raises up

to 1000 times compared to that of planktonic bacteria.21 Combined with the fact that over 80%

of microbial infections in the human body are caused by biofilms,22 it is clear that biofilms are

to be avoided in health-related issues such as infections, wound healing or medical implants.

Therefore, detection of bacteria and biofilm is important in medical diagnosis as well as in

microbiological analysis of food, water, and environmental samples.23,24

Biofilms cost the U.S. alone billions of dollars every year due to human and animal infec-

tions,25,26 industrial equipment damage,27 product contamination, energy losses,28 and biofoul-

ing of membranes29 (e.g., it is estimated that up to 30% of the total operating costs of some

Water Factories are related to controlling biofouling30). Biofilms, however, can also be benefi-

cial; they are used for waste treatment and remediation,31 cleaning oil spills, filtering waste-

water, and forming bio-barriers to prevent groundwater contamination.28,32 Microbial biofilms

in porous media are investigated as a means of preventing “leakage” of CO2, which can occur

due to the permeability of the cap-rock, at subsurface geological carbon sequestration sites.33

Vortical structures and secondary flows are present in porous media even at small Reynolds

numbers. More recently, Rusconi et al.19 have shown that secondary vortical motion at the cor-

ners of curved microchannels leads to the formation of biofilm streamers. Despite its wide-

spread implications, the underlying hydrodynamics of bacterial aggregation and the formation

of biofilm streamers in the presence of vortical flows is currently poorly understood. To under-

stand the formation and growth of biofilm streamers, the dynamics of bacterial aggregation at

ecologically relevant spatiotemporal scales in the presence of flow must be studied. In this pa-

per, we use microfluidics as a promising method to generate a vortical flow and investigate the

behavior of bacteria in a heterogeneous flow field. Our experimental results show that vortical

flow of an oscillating bubble leads to the collection of bacteria and subsequently the formation

of filamentous biofilm streamers and bacterial active swimming, i.e., motility, can increase the

bacterial collection rate.

II. MATERIAL AND METHODS

A. Microfluidic experimental setup

To study the interaction of bacterial suspension with a vortical flow field, we use a micro-

fluidic device as a convenient tool to generate a vortical flow. Our device consists of three

inlets, a horseshoe structure downstream of the inlets within the main channel, and one outlet.
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The design of horseshoe structure was first introduced by Ahmed et al.34 for rapid mixing in

microfluidics systems. A schematic of the microfluidic device is shown in Fig. 1(a). The main

channel has a rectangular cross section 570 lm wide� 90 lm deep. All of the inlets have an

equal width of 80 lm and the same depth as the main channel. The microfluidic channel is fab-

ricated out of polydimethylsiloxane (PDMS) (Sylgard 184, Dow Corning, USA) using standard

soft-lithography and bonded to a cover glass using oxygen plasma.35 Escherichia coli (E. coli)
suspension is injected from the inlets into the main channel via a syringe pump (KDS210, Sci-

entific). As a result, the microchannel is filled with the fluid, however, the horseshoe structure

reliably retains an air bubble of a semi-cylindrical shape. Upon applying a radio frequency

(RF) signal to an adjacent piezoelectric transducer (Model No. 273-073, RadioShack
VR

), the air-

fluid interface begins to oscillate. This oscillation generates pressure and velocity fluctuations in

the adjacent fluid and creates a pair of vortices next to the oscillating bubble. This phenomenon

is called “cavitation microstreaming” and is more pronounced when the bubble is oscillating at

its resonance frequency.7,8 It should be noted that no vortices are generated in the absence of a

bubble even in the presence of the piezoelectric excitation. Fig. 1(b) shows the amplitude of os-

cillation at the interface of a microbubble trapped in the horseshoe structure exposed to acoustic

waves at 30 kHz frequency and voltage 12 Vpp. Trajectories of 1.9 lm fluorescent spherical

polystyrene beads in water are used to demonstrate the flow field adjacent to the horseshoe

structure before and after applying the acoustic wave in Figs. 1(c) and 1(d), respectively. The

motion of particles and bacteria is observed through an inverted microscope (Nikon Ti2000)

with a 10� objective lens and recorded via a CCD camera (CoolSNAP, PHOTOMETRICS#).

It will be shown later that collection in the vortices is not observed with these tracer particles

at the applied voltage of 12 Vpp, but only with the larger bacterial cells.

FIG. 1. (a) Schematic of the microfluidic device with a built-in horseshoe structure. Bacterial suspension is injected from

the inlets and collects in a pair of vortices induced by the oscillating microbubble trapped in the horseshoe. (b) The micro-

bubble trapped in a horseshoe structure undergoes weakly linear oscillations. �Rb is the amplitude of oscillation of a bubble

with 2Rb diameter. A pair of vortices is generated upon applying the radio frequency signal. 1.9 lm polystyrene microbeads

are used as flow tracers to demonstrate the flow field when the transducer is (c) off and (d) on. Structure of the horseshoe is

shown with white lines for visualization.

044114-3 S. Yazdi and A. M. Ardekani Biomicrofluidics 6, 044114 (2012)



B. Bacterial strains and growth conditions

Escherichia coli strains RP437 with high motility and DH5a (derived from K-12) with low

motility36,37 are used in the experiments. These two strains are transformed with plasmid

pQE8-GFP-DD, which has an IPTG-inducible T5 promoter, to drive the expression of green flu-

orescent protein (GFP) in E. coli. To form single colonies, RP437-GFP and DH5a-GFP are

grown on LB-Agar plates (1.0% tryptoneþ 0.5% yeast extractþ 1.0% NaClþ 1.5% Agar) with

50 lg/ml ampicillin at a temperature of 37 �C overnight. Colonies of these two strains are cul-

tured in 5 ml TB (1.0% tryptoneþ 0.8% NaCl) liquid medium with 50 lg/ml ampicillin in a

shaking incubator (32 �C and 220 rpm) overnight. From these cultures, 50 ll is added into 5 ml

TB liquid medium with 50 lg/ml ampicillin (1:100 dilution) and grown in the shaking incubator

(VWR#, Model 1570) at 32 �C and 220 rpm for approximately 4 h before 5 ll of 1 M IPTG so-

lution is added. Growth is measured by the optical density at 600 nm (OD600) and it was

recorded at 0.25 for both strains at the beginning of the experiments. After the OD600 was

measured in the culture, the bacteria were not further diluted and were injected in the channel

with OD600 of 0.25.

III. RESULTS AND DISCUSSION

A. Bacterial collection in the vortex

Once the vortical flow is generated, bacteria start to collect within the vortices as demon-

strated in Fig. 2. Fluorescent light intensity (FLI), which is an indication of the bacterial con-

centration, significantly increases with time in the vortex pair (Figs. 2(a)–2(d)). To better dem-

onstrate the position of collected bacteria with respect to the vortices, the contours of FLI

obtained from the experiments are overlaid on streamlines from the numerical simulation results

(Figs. 2(e)–2(h)). The numerical results are obtained using ANSYS two-dimensional Navier-

Stokes solver on the geometry described in Sec. II A. The volumetric flow rate of injected liq-

uid into the channel is 1 ll/min in both experiments and numerical simulations. Inlet and outlet

boundary conditions have been used for right and left boundaries of the domain, respectively.

No-slip boundary condition is imposed on the top and bottom boundaries and walls of the

horseshoe structure. The bubble interface oscillates with time as x ¼ eRbsinð2pftÞ, where e is

the bubble’s dimensionless amplitude of oscillation, Rb is the radius of the bubble, f is the fre-

quency of oscillation of the bubble, and t is time. No-slip boundary condition is used for the

bubble interface rather than zero shear stress since surfactant present in the medium can effec-

tively rigidify the surface of the microbubble.38 The simulations are done for a pure fluid to vis-

ualize the flow field. Since the volume fraction of bacteria and particles is low, the flow field is

not affected by their presence. However, when bacteria is collected in the vortices, they can

FIG. 2. Contours of FLI, which indicate bacterial concentration, are plotted for RP437 E. coli at different time snapshots.

(e)-(h) Bacteria collect in the vortex pair as shown by FLI contours overlaid on the flow streamlines (solid blue lines).
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modify the flow field, however, this is not captured in our numerical simulation. If the RF sig-

nal is maintained for a relatively long time (more than 30 min), the bubble starts to enlarge,

which is successively followed by a size change in vortices, eventually affecting and diminish-

ing the collection. This enlargement of the bubble is mostly due to the translational oscillation

of the bubble due to its excitation at resonance frequency and can be reversed, i.e., shrunken

back to its original size, by shortly increasing the pressure in the microchannel by injecting

fluid from both inlet and outlet for a short time. It is also worth noting that the experimentally

observed asymmetry in bacterial collection in the two vortices can be caused by asymmetric

flow due to different modes of bubble oscillation, microchannel geometry deficiencies, and

asymmetry in the inlet flow.

The underlying collection mechanism is based on the finite-size of cells. However, bacterial

motility increases the rate and amount of collection. Bacteria enter the microchannel with a

mean upstream velocity �up ¼ 0:3 mm=s as the Poiseuille flow is dominant far away from the

bubble in the microchannel. Near the oscillating bubble, cavitation microstreaming is dominant

and the maximum streaming velocity can be approximated as us � 2p�2Rbf , where � is the ratio

of bubble’s amplitude of oscillation to its radius.39 It should be noted that within the range of

applied voltage in our experiments, amplitude of oscillation is a linear function of applied volt-

age. A voltage within the range of 10� 15 Vpp is applied to the piezoelectric which leads to a

streaming velocity of us � 41� 56 mm=s near the bubble interface. Upon the generation of

cavitation microstreaming, the inlet flow must pass through a gap between the bubble and

closed streamlines adjacent to the bubble. If the effective radius of the bacteria is larger than

the gap width, they cannot penetrate the bubble and are forced to enter the closed streamlines,

i.e., vortices. The same mechanism was recently used by Wang et al.39 as a size-sensitive sort-

ing concept in a microfluidic system. They utilized an oscillating microbubble to trap polysty-

rene particles of radius 5 lm.40 More details on the working mechanism can be found in

Ref. 39. The gap width can be estimated as dgap ¼ ð�up=2usÞH � 1:6� 2:25 lm, where H is the

width of the channel. To confirm the working mechanism, we used spherical polystyrene par-

ticles (Bangs Lab, Inc.) with a mean diameter of 1.9 lm. As predicted, no collection was

observed in the applied range of voltage. By increasing the voltage to 20 Vpp, gap width

decreases to about 1 lm, which is small enough to accumulate the microparticles in the vorti-

ces. When a rod-shaped object, such as E. coli, enters the gap, its orientation dictates whether

it can pass through the gap or be pushed into the vortex. Within the range of streaming velocity

near the bubble used in our experiments, rod-shaped bacteria are not necessarily aligned with

the streamlines.6 E. coli has a rod-shaped body approximately 2 lm long and 1 lm wide.41,42

Considering 5 lm long bundled flagella, the overall length of the bacteria exceeds the gap width

and the bacteria injected into the inlet are trapped in the vortex and their concentration

increases with time. Another mechanism that contributes to trapping and collection near an

oscillating bubble is due to the radiation force of an acoustic wave, acting on floating objects

with different density compared to the background fluid.43 For a spherical particle with radius

Rs, radiation force is calculated from Fr ¼ 4=3pRs
3qmu2

0BRb
4r�5, where qm; u0, and r are the

density of the medium, radial surface velocity amplitude of the bubble, and radial distance,

respectively. B is given by 3ðqs � qmÞ=ð2qs þ qmÞ, where qs is the density of the spherical

object.43 At f¼ 30 kHz and voltage range used in this work, the magnitude of the radiation

force at 1 lm and 60 lm from the bubble’s surface is about 0.8 lN and 0.001 pN, respectively.

Since the radiation force has a very short range, Fr � r�5, its role on the initial bacterial collec-

tion is negligible, even though it may affect initial formation of the biofilm streamer around the

bubble. Shear-induced migration, which is responsible for the cross-streamline migration

towards the low shear rate region, i.e., center of the vortex, is another mechanism that can lead

to particle trapping within the vortices.10 However, shear-induced migration is not the driving

mechanism in these experiments due to low volume fraction of bacteria. Shear-induced migra-

tion velocity scales as Ushear=us � /vR
2
s=a2 � 10�9, where /v � 10�7 is the bacteria volume

fraction. Also, to evaluate any effect of bacterial swimming towards the oxygen (bubble), i.e.,

oxytaxis, we conducted experiments with bacteria in a substrate with bubbles with no back-

ground flow and acoustic waves and we observed that the concentration of bacteria increases
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around the bubble after about 6–7 h. Therefore, given the short time of our experiments, we can

safely rule out any possibility of bacterial swimming towards the bubble due to oxytaxis.

To investigate the effect of bacterial motility, experiments were repeated with two strains

of E. coli exhibiting different motilities. DH5a strain with measured motility around 1 lm/s and

RP437 strain with motility of 8 lm/s were used as low and high motile bacteria, respectively.

Motility for these two strains is measured using image analysis and cell tracking. The FLI pro-

file of the experimental images was exported via ImageJ from a 155 lm line along one of the

vortices for both strains (Fig. 3 inset). Results of these image analyses are shown in Figs. 3(a)

and 3(b) for low (DH5a) and high motile (RP437) E. coli, respectively. Although in both cases,

bacterial concentration increases with time, low motile E. coli bacteria collect at a considerably

lower rate in the vortex pair. Faster and more intense collection of high motile bacteria, can be

explained by their higher cross stream velocity. Bacterial motility via flagella is episodic and

punctuated by frequent tumbles and causes E. coli to actively change swimming direction,

known as “run-and-tumble.”44 A motile swimmer has the ability to migrate cross streamlines

utilizing its motility. Although, for a motile swimmer within the vortex, the probability of its

swimming towards a streamline with higher vorticity (inner streamline) is almost the same as

that of its swimming towards an outer streamlines, when passing through the gap between the

bubble and closed streamlines, due to the fact that the swimmer cannot penetrate the bubble, it

must swim towards the vortex. Therefore, the overall flux of bacteria due to motility is into the

vortex. Hence, active swimming increases the rate of collection of bacteria.

Further experiments with two other E. coli strains, BW25113 and JW2039, were conducted

to test our hypothesis that motility is the main factor in enhancement of rate and amount of

bacterial collection for RP437. These two strains, BW25113 and JW2039, have identical geno-

types except that in JW2039, the colanic acid (or CA which is the main component of EPS in

E. coli) synthesis gene wcaF is knocked out, and its CA production is significantly inhibited45

but they have the same motility. The experimental results with these strains confirmed that their

amount and rate of collection within the vortices are the same. Therefore, our suggested mecha-

nism is consistent with the observations for these two strains as well. These results also suggest

that CA production is not important in the rate and amount of collection of bacteria in the vor-

tical flow.

Riedel et al.46 have previously shown that flagellar intertwining and hydrodynamic interac-

tions cause sperm to swim as vortices. In that work, vortex array is generated due to the swim-

ming motion of the sperms and thus the velocity field is of the same order as sperm’s swim-

ming speed, whereas here the vortex pair is initiated by the cavitation streaming and the

velocity field in the vortical structure is much larger than bacteria swimming velocity. In addi-

tion the ratio of cell length scale to vortex length scale and initial cell density is much smaller

than the ones in Riedel et al.46 and we expect that flagellar intertwining not to be a driving

mechanism in the cell collection reported here.

FIG. 3. FLI, indicating bacterial concentration, is plotted along the red-line across the vortex, as shown in the inset, for (a)

low motile (DH5a) and (b) high motile (RP437) E. coli versus time. Applied voltage is 15 Vpp (enhanced online). [URL:

http://dx.doi.org/10.1063/1.4771407.1] [URL: http://dx.doi.org/10.1063/1.4771407.2]
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B. Bacterial aggregation and biofilm formation

After running the experiments for about 5–15 min (in some cases even as short as

2–3 min), aggregates of bacteria, very similar to biofilm streamers, were observed in the micro-

fluidic channel (Fig. 4(a)). It should be noted that no bacterial aggregation or biofilm streamer

is observed adjacent to the bubble in the absence of the vortical flow. The fast formation of the

biofilm streamer in the presence of the cavitation streaming vortices suggests that high-Peclet

convection due to the vortices is important. Filamentous biofilms, called streamers, are found

ubiquitously in nature. They are observed in turbulent flows20 and also in curved channels

under conditions of laminar flow where it is shown that exopolysaccharides (EPS) are corre-

lated to their formation.19 Figure 4(b) shows the formation of these biofilm streamers at a

higher initial bacterial concentration (OD600¼ 2) and after 30 min that are formed next to an

oscillating bubble with the shape of two vortices. Tails of the streamers in the vortical flow of

several oscillating microbubbles are connected to each other via filamentous biofilms

(Fig. 4(b)). Movies of Figure 4 show more details on the initial steps of formation of biofilm

streamers. Extracellular structures (capsular and O-antigen polysaccharides, and potentially

pili), which can cause bacteria to adhere to one another, might drive the streamer formation.

When concentration of planktonic bacteria reaches a threshold, the signals produced by bacteria

accumulate in relatively high concentration.47 Thus, intercellular signaling referred to as quo-

rum sensing is activated.48–50 Bacteria floating in suspension also produce signals, but at low

bacterial concentration the signal is diffused through the surrounding medium.47 Quorum sens-

ing can regulate cooperative production of exopolysaccharides. When a phenotypic transforma-

tion to the biofilm state occurs, cells create an extracellular matrix composed of polysaccha-

rides, proteins, DNA, detritus from lysed cells, and abiotic material like precipitates.28

However, the experimental time frame here is quite short and the convective movement of fluid

through streamer structures is sufficiently high that quorum sensing molecules may not remain

within these structures.

In order to explore the effect of EPS in the fast biofilm streamer formation, we used

E. coli JW2039 which is deficient in producing EPS and its parent strain BW25113. The CA,

an EPS of E. coli K-12, synthesis gene wcaF was knocked out in JW2039, resulting in its sig-

nificantly inhibited production of CA.45,51 The preliminary experiments did not reveal a signifi-

cant difference in the collection rate and amount between the results of two strains. However,

no biofilm streamer was observed for these two strains which may be due to fact that

BW25113 has been reported as a poor biofilm producer in the literature36 and EPS production

of JW2039 is inhibited.

IV. CONCLUSIONS

We have shown that a vortical flow of an oscillating bubble can play an important role in

bacterial collection and eventually triggers the formation of biofilms. The fast formation of

FIG. 4. (a) A biofilm streamer formed after three minutes of applying the voltage (OD600¼ 0.25, Rb ¼ 30lm). Rapid

E. coli biofilm formation in (b) a microfluidic channel after 30 min (OD600¼ 2). Aggregate of E. coli formed the shape of

two vortices in cavitation streaming of an oscillating bubble (Rb ¼ 30lm). The bacteria remained aggregated even after the

removal of the RF signal. (c) A microfluidic channel with oscillating bubbles (Rb ¼ 25 lm) on the side walls (OD600¼ 2)

(enhanced online). [URL: http://dx.doi.org/10.1063/1.4771407.3] [URL: http://dx.doi.org/10.1063/1.4771407.4]
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biofilm streamers in a vortical flow can be a tipping point in developing techniques to study the

formation and microbial features of biofilms. In conventional techniques, bacteria are incubated

on nutrient media in order to generate large enough concentrations of microorganisms required

for detection procedures which could take days. Therefore, portable point-of-care clinical and

environmental diagnostic chips for rapid microbiological tests have yet to be developed. Our

experimental results can pave the way for developing disposable and portable microfluidic devi-

ces to be used in microbiological tests. Furthermore, our experimental results have shown that

the rate of bacterial collection in a vortical flow is pronounced for high motile bacteria.
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